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A B S T R A C T
The influence of horizon position and aggregate size on bacterial and fungal community composition was de-
termined. From nine sites, soils were collected from the top three horizon positions (H1, H2 and H3).
Physical fractionation separated samples into large macroaggregate (LM,>2000 μm), macroaggregate
(MAC,>250 μm), microaggregate (MIC,< 250 μm), and silt and clay (SC, 53 μm) fractions. In all samples, the
structure of the bacterial and fungal community composition was assessed via restriction fragment length
polymorphism (T-RFLP), and for the four aggregate sizes from the top two horizons positions an in-depth
analysis of the bacterial community was conducted using next generation sequencing (NGS). Bacterial and fungal
communities both differed between aggregate-sizes. Changes in the composition of the bacterial and fungal
communities also occurred among horizon positions, with a significant interaction between aggregate size and
horizon position evident for the bacterial community. Using NGS, it was shown that aggregate-size had a sig-
nificant effect on the bacterial community in both horizon positions at both the phyla and family taxonomic
levels. MAC and MIC significantly differed in the % relative abundance of bacterial groups, potentially indicating
differing predation pressures. These results indicate that both horizon position and aggregate size support dis-
tinct microbial communities. Understanding these parameters is critical in our comprehension of the patterns of
microbial diversity in soil.
1. Introduction
The majority of our understanding of soil microbial ecology has
concentrated on bulk soil samples. While these studies have provided
profound insights into the diversity and functioning of soil ecosystems
(Bowles et al., 2014; Thomson et al., 2015; Wakelin et al., 2008), they
have not accounted for the inherent heterogeneity of microbial di-
versity seen over small spatial scales (Mummey et al., 2006; Vos et al.,
2013). Investigations of soil microbiology, at the appropriate spatial
scale, are considered to be important in providing a deeper under-
standing into the functioning of soil ecosystems (O’Brien et al., 2016;
Raynaud and Nunan, 2014; Vos et al., 2013).
The structure of soil is made up of an arrangement of tortuous
physical networks which determine the flow of substrates and solutes in
space and over time. This provides a diverse range of physicochemical
niches characterized by variation in nutrient quantity and quality,
redox conditions, variation in water filled pore space, and pore size
classes available for microbial habitation (Mummey and Stahl, 2004).
Much of the variation in these properties can be partitioned among the
distinct aggregate size fractions present in soil, as these vary in phy-
sical, chemical, and structural characteristics (Ranjard et al., 2000).
Aggregates are secondary structures formed through the interactions of
mineral particles as well as organic and inorganic substances (Bronick
and Lal, 2005; Tisdall and Oades, 1982). They are grouped according to
size, with large macroaggregates being considered>2mm in size
macroaggregates generally being considered over 250 μm in size while
microaggregates are less than 250 μm in size (Bronick and Lal, 2005).
Additionally, the stability, distribution, and microarchitecture within
and between soil aggregates is linked to the composition and function
of the microbiome (Mikha and Rice, 2004).
The two largest aggregate size fractions are formed through tem-
porary associations of minerals, particulate organic matter, and large-
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or micro-aggregates. This binding is largely mediated through the en-
meshment of fungal hyphae and plant roots (Mummey and Stahl, 2004;
Rillig and Mummey, 2006). Microaggregates (MIC) are formed through
the binding of bacterial polysaccharides with clay particles, organo-
mineral complexes, and polyvalent metals (Six et al., 2004), and are
largely formed within macroaggregate structures. These aggregate size
fractions represent distinct microhabitats for microbial colonization
and substrate utilization. The large macroaggregate (LM) and macro-
aggregate (MAC) fractions are enriched with labile carbon (C) and ni-
trogen (N), predominantly of plant origin and fungal origin (Marx et al.,
2005). Microaggregates (MIC) are characterized by having lower con-
centrations of labile C and increased amounts of biochemically re-
calcitrant C (i.e. compounds with a higher C:N ratio), and physically-
protected C, i.e., C that is associated with soil organic matter and not
free particular organic matter and which microbial decomposers and
their enzymes have a greater difficulty gaining access to (Elliott, 1986;
Kravchenko et al., 2015). In addition, the interior of microaggregates
have been described as inherently oligotrophic, with low nutrient and
O2 availability resulting in reduced microbial activity (Mummey and
Stahl, 2004). The silt and clay fraction (SC) has relatively stable C and N
and high levels of microbial biomass have been reported within them
(Elliott, 1986; Sessitsch et al., 2001; vanGestel et al., 1996). Microbial
acquisition of substrate is compounded by the sorption of extracellular
enzymes to clay particles in the SC, with this process likely being re-
sponsible for the distinct microbial activities and community structures
reported (Allison and Jastrow, 2006; Mueller, 2015; Sessitsch et al.,
2001).
Understanding the interplay between aggregate size and the soil
microbiome is an important consideration for achieving sustainability
in our agroecosystems, particularly the retention of soil organic carbon
(SOC). Occlusion within aggregates is a well-known mechanism of SOC
preservation, and the patterns of microbial community structure and
activity within aggregates may be key to understanding this function
(Six et al., 1998; Torres-Sallan et al., 2017). It will also have important
implications for the preservation of soil biodiversity and the manage-
ment of microbial communities for bio-control and plant disease sup-
pression (Grundmann, 2004).
The experimental aim of this study was to elucidate the influence of
both aggregate size fraction and horizon position on the patterns of
both bacterial and fungal community structures. The working hypoth-
esis being that the two largest aggregate sizes (LM and MAC) would
significantly differ from the two smaller aggregate sizes (MIC and SC)
due to changing physicochemical conditions (i.e., increased micro-
porosity). The study also hypothesised that different horizon positions
would also significantly impact microbial community compositions
with the aggregates sizes, as soil physicochemical conditions will also
vary by horizon. Firstly, bacterial and fungal community composition
from the top three horizon positions was determined using community-
level fingerprinting. Secondly, the study narrowed its focus to ascertain
how specific bacterial groups were influenced by aggregate size in the
top two horizons using next generation sequencing (NGS).
2. Materials and methods
2.1. Soil collection
Soil samples were collected from nine (predominantly grassland
soils used in livestock production) sites in the North-West of the
Republic of Ireland as part of the Irish Soil Information System (Irish
SIS) soil survey (Creamer et al., 2014) (project soils collected
were: RPM79br01, RPM68br01, RPM66br01, RPR49br01, RPM45br01,
RPM85br01, RPG62Br02, RPG52BR01 and RPG63br01). At each sam-
pling site a 1m2× 1m deep pit was dug. After the pit face was cleaned
of loose soil, the profile was designated into distinct horizons following
the UN food and agricultural organizations (FAO) guidelines for soil
description (FAO, 2006) and classified using the World Reference Base
system (WRB, 2006). The top three horizon positions were sampled (the
top horizon position from each site is henceforth collectively referred to
as H1, the second horizon position as H2 and the third horizon position
as H3) to a depth of no more than 1m, resulting in 26 samples. No
samples could be gathered from the third horizon position of
RPM66Br01 due to the large amount of stony material present. Details
on soil type, drainage, horizon types and depths, textural class as well
as sand, silt and clay proportions are provided in the supplementary
materials (SM1 and SM2).
Approximately 300 g of soil was collected from each of the de-
scribed horizons, across the nine soil profiles pits sampled. Samples
were collected using aseptic technique as far as was practicable under
field conditions i.e., use of 70% ethanol and sterilized water to sanitise
equipment between samplings. Furthermore, samples were collected
from the lowest horizon up to prevent soil from the upper horizons
contaminating the lower horizons. Soil samples were collected into
sterile twist-seal bags and kept at 4 °C in a cool box for transportation.
Soils were not frozen at this stage to prevent damage to the constituent
aggregate structures. Once back in the lab (within 48 h of collection),
samples were homogenized and sieved (< 8mm).
2.2. Soil aggregate isolation
The aggregate isolation procedure was based on a technique de-
scribed previously (Six et al., 1998). Briefly, soil samples were dried at
40 °C for 1 week. Wet-sieving, with the retention of the material on the
sieve as an ‘operationally defined fraction’ and re-sieving of the soil
which passed through the sieve was conducted. This process was se-
quential through 2mm, 250 μm, and 53 μm sieves which provided the
large macroaggregate (LM), macroaggregate (MAC), and micro-
aggregate (MIC) fractions. Material< 53 μm was deemed the silt and
clay fraction (SC). The LM, MAC, and MIC fractions were collected into
100ml containers. Any material, e.g., dead plant material, which
floated in the water during the isolation of the LM aggregate size was
removed by hand as this was not considered soil organic matter. The SC
fraction was collected along with the excess water from the procedure
into dual 500ml containers. All material was dried at 50 °C for 1 week,
after which time the samples were weighed and the % proportion of
each aggregate size fraction was corrected relative to the bulk soil (Six
et al., 1998). To test the replicability of the fractionation procedure,
every 10th sample was repeated. Samples were homogenized via
mixing and a subsample (approximately half of the material obtained
during fractionation) was immediately stored at −80 °C for later mo-
lecular work. All laboratory materials pertaining to the fractionation
procedure were thoroughly washed in ethanol (70% v/v) between each
sample to disinfect equipment. A total number of 104 aggregate size
fraction samples were obtained.
2.3. Aggregate course/fine sand determination
Stones> 2mm were removed from LM and the associated mass
subtracted. The amount of coarse and fine sand contained within the
MAC and MIC fraction was also calculated as it may distort the true
proportion of these aggregates within the bulk soil. Approximately 20 g
of soil was placed into a 250ml Erlenmeyer flask. To remove organic
matter, 6% (v/v) hydrogen peroxide (H2O2) was added to cover the
soil. The solution was boiled at 100 °C with additional H2O2 being
added to replace that lost by evaporation. Organic matter was deemed
to be completely removed when the bubbles formed during the process
turned clear. Any excess H2O2 was decomposed through the addition of
25ml of 10% ammonium hydroxide. Contents of the flasks were wa-
shed through a series of sieves (250 μm sieve on top and 53 μm sieve on
the bottom) to collect the coarse (> 250 μm) and fine (> 53 μm) sands.
Once dried, these were weighed and the proportion of coarse and fine
sand removed from the MAC and MIC fractions, respectively (Massey
et al., 2014).
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Edaphic and environmental parameters of the bulk soil from each
soil sample were collected as part of the Irish SIS survey following the
Irish SIS laboratory protocols (Massey et al., 2014). Parameters mea-
sured were total carbon (C), total nitrogen (N), cation exchange capa-
city (CEC), pH (H2O) as well as extractable phosphorus (P), potassium
(K), magnesium (Mg), and calcium (Ca). Soil textural analysis was also
undertaken. These parameters were not measured on the aggregate
scale as it was not possible to obtain the amount of soil necessary to
conduct all these analyses.
2.4. DNA extraction
DNA was extracted from each of the constituent aggregate size
fractions (0.25 g) using the Powerlyzer version of the Powersoil DNA
isolation kit (MO BIO laboratories, Cupertino, CA). The protocol was
undertaken as described in the manufacturer’s instructions. The phy-
sical disruption (bead beating) was undertaken on a Fast-Prep™-24 in-
strument (MP Biomedicals, Santa Ana, CA) at a speed of 4 for 45 s. DNA
extracts were quantified spectrophotometrically using a Nano-drop ND-
1000 (Thermo Scientific, Waltham, MA). Extracts were then diluted
with sterile ddH2O to a concentration of 10 ng/μl for subsequent fin-
gerprinting analysis and 5 ng/μl for NGS.
2.5. PCR amplification of soil bacterial 16S and fungal ITS community
The fluorescently labelled universal primer set 27F (5′-/
5ATTO565N/AGA GTT TGA TCM TGG CTC AG′3) and 1492R (5′-/
5ATTO565N/TAC GGY TAC CTT GTT ACG ACTT′3) (Lane, 1991) were
used to amplify the bacterial 16S rRNA gene. PCR was conducted in
final volumes of 25 μl, containing 1× Dreamtaq buffer, 1M betaine,
0.2 mM dNTP-Mix, 0.4 pmol/μl of both the forward and reverse primer,
and 0.5 U Dreamtaq polymerase (Thermo Scientific, Waltham, MA).
Each reaction received 1 μl of template DNA at 10 ng/μl. PCR cycling
conditions consisted of an initial denaturation step of 94 °C for 4min,
followed by 35 cycles of 94 °C denaturation for 45 s, 50 °C annealing for
45 s, and 72 °C extension for 2min, and then followed by a final ex-
tension at 72 °C for 5min.
The internal transcribed spacer (ITS) region of the rRNA gene region
was used as a marker gene for characterisation of the soil fungal
community. Fungal-specific PCR was undertaken using a nested ap-
proach. Non-fluorescently labelled fungal specific primers ITS-1F
(5′CTT GGT CAT TTA GAG GAA GTA A-3′) (Gardes and Bruns, 1993)
and ITS-4 (5′ TCC TCC GCT TAT TGA TAT GC-3′) (White et al., 1990)
were used in the initial amplification reaction. PCR mixtures were
otherwise as described for bacterial amplification. Amplification con-
ditions consisted of an initial denaturation step of 94 °C for 4min, fol-
lowed by 40 cycles of denaturation at 94 °C for 45 s, annealing at 50 °C
for 45 s, and extension at 72 °C for 1min, with a final extension step of
72 °C for 10min. A 1 μl aliquot of a 1:10 dilution of this first amplifi-
cation was used as template DNA in the second PCR, using the primers
(labelled with the same fluorophores as the bacterial primers) and
amplification conditions as described before.
2.6. Terminal restriction fragment length polymorphism (T-RFLP)
T-RFLP of bacterial 16S rRNA was conducted on 200 ng of purified
PCR amplicons (GenElute PCR clean-up kit, Sigma Aldrich). These were
subjected to a double restriction digestion using AluI and HhaI at 37 °C
for 8 h (Fox et al., 2017; Penny et al., 2010). A sequential restriction
digest was done on 200 ng of purified fungal ITS community PCR am-
plicon with an initial restriction reaction using MaeII at 65 °C for 8 h
(Alvarado and Manjón, 2009; Fox et al., 2017). Reactions were allowed
to cool at 4 °C overnight, whereupon a restriction digest was performed
with HhaI for a further 8 h at 37 °C. All restriction digest reactions
contained 5 U of enzyme per reaction in a 10× FastDigest buffer (all
Thermo Scientific, Waltham, MA).
All restriction digests were 1:10 diluted and sent for fragment size
and intensity analysis at MRC PPU DNA sequencing and Services
(University of Dundee, Scotland, UK). Fragment sizes were determined
on an applied Biosystems 3730 XL DNA analyser, using the LIZ500
size marker. Resultant electrophoretograms were imported into
Genemapper (version 3.7, ABI, UK), and terminal restriction fragments
(TRFs) binned with a 2 bp interval. T-RFs between 80 and 500 bp were
included in the analysis and a presence/absence matrix was generated.
2.7. Next generation sequencing
The bacterial 16S rRNA V4 gene region was amplified using the
universal primer pair 515F and 806rBC. PCR reactions were 25 μl with
0.4 μM of each primer, 0.2 μM dNTPs, 1× PCR buffer with 1.5 mM
MgCl2, and 0.5 U of TaKaRa Ex Taq polymerase. The PCR amplification
conditions were conducted with an initial denaturation at 94 °C for
3min followed by 35 cycles of 94 °C (45 s), 50 °C annealing (60 s) and
72 °C extension (90 s) with a final extension step of 72 °C for 10min.
The PCRs were multiplexed, such that each DNA sample was amplified
with a unique 12-mer barcoded 806rBC primer (GoLay barcodes)
(Apprill et al., 2015). Individual PCR products for all samples were
quantified using the high sensitivity Quant-iT PicoGreen spectroscopy
method (Invitrogen), then equimolar amounts of each PCR were pooled
into a single sample. The resultant mixed PCR product was purified
using the GeneElute PCR purification kit (Sigma-Aldrich, St. Louis, MO)
and quantified again as above. The amplicon mix was sequenced using
2×250 PE sequencing on an Illumina Miseq NGS platform (Illumina,
San Diego, CA) at the University of Auckland. While it was attempted to
obtain fungal ITS amplicons for NGS analysis, sufficient amplification
from these samples could not be obtained.
The generated reads were processed, joined and analysed using the
mothur (v.1.36.0) (Schloss et al., 2009) program following the com-
mands described in the Miseq SOP (detailed: https://www.mothur.org/
wiki/MiSeq_SOP). Sequences were matched and aligned with chimeras
and mismatched sequences removed from the data-set. Rarefaction
curves were also undertaken to deduce the sequencing depth covered.
Mothur was used to assign taxonomy to the sequences against the
SILVA (release 102) reference database. Taxonomic information at the
phylum and family taxonomic levels were consolidated from the mo-
thur output files.
2.8. Statistics
2.8.1. Effect of horizon position on measured environmental variables and
% proportion of aggregate size fractions to bulk soil
The nine measured environmental variables from the collected bulk
soil were imported into the statistical software program R (version:
3.2.2) and the data was then checked for normal distribution using the
Shapiro-Wilk test and for homogeneity of variance using Levene’s test.
The variables which passed this test (Mg, pH and CEC) were subjected
to a one-way ANOVA (with Tukey HSD post hoc test) to test for the
influence of horizon position. The remaining variables which did not
display normal distribution were log10 transformed. A non-parametric
test (one way test, followed by a pairwise t-test) was conducted on the
variables which still did not show a normal distribution following the
transformation (total N and K). The same tests were also used to de-
termine the effect of horizon position on the % proportion each ag-
gregate size fraction contributed to the bulk soil.
2.8.2. Microbial community composition and richness
The presence/absence matrix of the T-RFLP electrophoretograms
from each aggregate size fraction was imported into PRIMER-E (Version
7, Plymouth, UK) and a Bray-Curtis resemblance matrix was con-
structed. A Bray-Curtis distance was chosen as it has broad suitability
for representing distances (similarities) in biological data sets (Clarke
and Warwock, 2001). Permutational multivariate analysis of variance
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(PERMANOVA) (Monte Carlo, 9999 permutations) was used to test for
differences in T-RFLP profiles between aggregate size fractions and
horizon position. Similarities between samples were displayed using
multi-dimensional scaling (MDS), with bootstrapping to determine
group variance and averages (300 per group, bootstrap region 95%).
As with the T-RFLP data, the relative % abundance of bacterial
OTUs obtained from the NGS were imported into PRIMER-E, standar-
dized to the total number of individuals, Log(X+ 1) transformed, and a
Bray-Curtis resemblance matrix constructed. A PERMANOVA analysis
was then used to determine the influence of aggregate size and horizon
position. Statistical differences in the relative % abundance of in-
dividual phyla/families between different aggregate size fractions and
horizon positions were determined via ANOVA analysis in the R sta-
tistical software as described previously. The Margelef’s richness (d),
Shannon-Wiener diversity index (H′), and Pielou’s evenness index (J′)
were calculated from the NGS data for each sample using the DIVERSE
function in PRIMER-E, the influence of both aggregate size fraction and
horizon position on these parameters was determined by a one-way
ANOVA in the R statistical software package as has been described
previously.
3. Results
3.1. Chemical and physical characteristics of the bulk soil with depth
There was a significant main effect of horizon position on the con-
centrations of Mg (P= 0.017), total C (P= 0.04), total N (P= 0.028),
P (P < 0.001), and pH (P= 0.032). Pairwise tests also revealed that
the concentrations of Mg was significantly reduced in H3 (0.37 mg/kg)
compared with H1 (1.1mg/kg; P= 0.018). The pH value was also
significantly higher in H3 and H2 (pH 6.99 and 5.99 respectively)
compared with H1 (pH 5.55; both P < 0.001).
There was a significant effect of horizon position on the % pro-
portion that the LM, MIC and SC fraction contributed to the bulk soil.
The % proportion that the LM fraction contributed was significantly
lower in H3 than it had been in either H2 or H1 and additionally was
also lower in H2 than it had been in H1. The exact opposite was seen
with the MIC fraction which increased its % proportion to the bulk soil
through each of the horizon positions through H1-H3 (P < 0.05). The
SC fraction also contributed a higher % proportion to the bulk soil in H2
and H3 than it had in H1 (P= 0.043 and P=0.010 respectively). There
was no significant effect of horizon position on the % proportion of the
MAC fraction. Information pertaining to the physicochemical properties
of the soils in this study can be found in the supplementary materials
(SM1–4).
3.2. Bacterial community structure within aggregate fractions
Bacterial community composition differed significantly among ag-
gregate size classes when all horizon positions were considered as a
whole (P < 0.0001), with communities in the SC fraction being sig-
nificantly different from LM, MAC, and MIC (all P < 0.0001).
Communities within LM, MAC, and MIC fractions were similar (Fig. 1;
top). A significant effect of aggregate-size was also observed on 16S T-
RF richness (P < 0.0001), with the SC fraction having a significantly
higher richness than the LM (P=0.007), MAC (P < 0.001), and MIC
(P < 0.001) fractions (supplementary materials SM 5).
The bacterial community composition of aggregates was also sig-
nificantly influenced by horizon position (P < 0.0002), with H1 being
significantly different from both H2 (P < 0.01) and H3 (P < 0.0001),
while H2 and H3 were similar (P=0.17) (Fig. 2; top). A significant
interaction between horizon position and aggregate size fraction was
also observed (P < 0.007), indicating that the bacterial community
composition within aggregates were responding to the inherent changes
in physiochemical parameters of each horizon position. Partition of
variances associated with horizon position and aggregate size found
that aggregate size fraction explained the highest amount of variation
in bacterial community composition (√CV: 19.09), followed horizon
position (√CV: 11.7). 69.21% of the variation remained unexplained by
the treatments tested (summarized in Table 1).
On the individual horizon position level, there was a significant
aggregate-size effect observed in both H1 and H2 on bacterial
(P < 0.0001 and P < 0.008, respectively, Table 2) community com-
position. In each case this was due to the SC fraction being significantly
different from each of the larger aggregate sizes (summarized in
Table 2). There was also a significant aggregate size effect on 16S T-RF
richness for H1 and H2 (both P < 0.01), with the SC fraction being
significantly richer in bacterial 16S T-RFs than the MAC and MIC
fraction sizes in H1 and all three larger fraction sizes in H2 (supple-
mentary materials SM 6). There was no overall effect of aggregate size
on bacterial community structure in H3 (Table 2).
3.3. Fungal community structure within aggregate fractions
Aggregate size also significantly influenced fungal community
composition (P < 0.0001) when all horizon positions were considered
as a whole, with again the SC fraction being significantly different from
the larger aggregate-sizes (all P < 0.0001, Fig. 1; bottom). The fungal
community composition of aggregates was also affected by horizon
position (P < 0.0001) with H1 being significantly different from H2
(P < 0.03) and H3 (P < 0.03). Additionally, H2 and H3 were sig-
nificantly distinct from each other (P < 0.048, Fig. 2; bottom). Ana-
lysis of the variation apportioned to horizon position and aggregate size
indicated that aggregate size explained the greatest amount of the
variation seen in the fungal community composition (√CV: 17.82) fol-
lowed by horizon position (√CV: 16.25). 65.93% of the variation re-
mained unexplained by the parameters tested (summarized in Table 1).
On the individual horizon position level, there was a significant ag-
gregate size effect observed in both H1 and H2 on fungal (P < 0.0001
and P < 0.03, respectively) community composition, with the SC
fraction being significantly different from each of the larger aggregate
sizes in both cases (Table 2). A significant overall fraction effect
(P= 0.04) was also observed in the case of the fungal community
composition in H3, with SC differing from MIC (P=0.03) (Table 2).
3.4. Next generation sequencing
3.4.1. Bacterial community structure as investigated by NGS
There was a significant effect of aggregate size in the relative %
abundance of bacterial phyla present in H1,with this change largely
being due to the difference between the MAC and MIC aggregates sizes
(P < 0.001). Such compositional differences were also reflected in
changes in the univariate diversity measures, with significantly greater
diversity (H′) and evenness (J′) in the MAC fraction compared to MIC
(Supplementary materials, SM 9). The most abundant phyla in these
samples was the Firmicutes. These were significantly lower in relative
abundance in the MAC fraction (42.27%) compared to the MIC fraction
(80.54%). In contrast, the relative % abundance of other major phyla,
namely Acidobacteria, and Chlamydiae were all higher in the MAC than
in the MIC fraction (Table 3).
In the H2 horizon position, there was also a significant effect of ag-
gregate size at both the phyla and family levels (P < 0.05). The MAC and
SC fractions differed significantly in the relative % abundance of bacterial
phyla present (P=0.036). The major phyla Acidobacteria, Actinobacteria,
Bacteroidetes, Planctomycetes and Chlamydiae all had a significantly
lower abundance in the MAC compared with the SC fraction (Table 3). At
the family level, both LM and SC (P=0.024 and P=0.002 respectively)
were significantly different from MAC. No significant difference was seen
in any diversity measure for either taxonomic level in H2 (supplementary
materials SM 9). Tables of the % relative abundance of major bacterial
families (i.e, abundance greater than 0.01% is also provided in the sup-
plementary materials (SM 7 and SM 8)).
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3.4.2. The allocation of bacterial phyla and families between and within the
various aggregate-sizes as determined by NGS
Of the 21 phyla reported in H1, 16 were shared among all the aggregate
sizes. Only the SC fraction harboured phyla which were not found in other
aggregates (Deferribacteres and Spirochaetes), while the candidate phyla
BRC1 and OP11 were found within SC, LM and MAC with OD1 shared
between SC and the MAC (SM 10). Of the 123 families reported in
H1, 83 were shared among all aggregates. Of the 40 families not shared
among all fractions, only seven (Desulfuromonadaceae, Enterobacteriaceae,
Granulosicoccaceae, Incertae_Sedis_XIV, Rickettsiaceae and unclassified
group in the family Chromatiales found in MAC and Alcaligenaceae found
in MIC) were not found in the SC fraction at all.
The SC fraction harboured eight unique families (Campylobacteraceae,
Cryomorphaceae, Deferribacterales_incertae_sedis, Hydrogenophilaceae,
Leptospiraceae, Methylophilaceae, Rikenellaceae and Spirochaetaceae),
while sharing eleven with LM and MAC and eight solely with MAC.
While only the Sporolactobacillaceae is shared with LM, MIC and SC
five families (Caryophanaceae, Eubacteriaceae, GpI, Puniceicoccaceae,
Syntrophomonadaceae) were shared among SC, MIC and MAC (Fig. 3; top
panel).
No phyla were unique to any one of the aggregate-sizes in H2, with 14
of the 17 phyla detected shared among all of them. Nitrospira and BRC1
were shared among SC and the MIC and LM fractions respectively, with
WS3 being shared among all three (SM 10). A total of 106 families were
detected in H2, 64 of them were shared among all the aggregate sizes.
Only eight of the remaining 42 families were not found in either solely in
the SC or shared among the SC and the other aggregate sizes, five of these
were found exclusively in MIC: Campylobacteraceae, Methylophilaceae,
Moraxellaceae, Rhodobacteraceae, and an unclassified group in the family
Rhodospirillales.
A total of seven bacterial families (Alcaligenaceae, Cytophagaceae,
Nitrosomonadaceae, Pseudomonadaceae, Saprospiraceae, Verrucomicro-
biaceae and an unclassified group in the Flavobacteriales family) were
found exclusively in the SC fraction. An additional 14 families were
shared between SC and MIC, with Desulfobulbaceae shared between SC
and LM. A further four families (Caryophanaceae, Rhodocyclaceae, and
Fig. 1. MDS plot of the effect of aggregate size fractions on the bacterial 16S rRNA gene (top panel) and fungal internal transcribed spacer (ITS) region (bottom panel) in the soil profile as a
whole. Fractions are as follows: large macroaggregate (blue triangle), macroaggregate (red triangle), microaggregate (green square) and silt and clay (purple diamond). Black dots
represent the average from each aggregate-size. Different letters denote significant difference (P < 0.05). A 2D stress of< 0.2 on mMDS plots represents a good graphical representation
of the data in two dimensions. (For interpretation of the references to colour in this figure legend, the reader is referred to the web version of this article.)
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unclassified groups in the Cyanobacteria and WS3 families) were found
in all three aggregates (Fig. 3; bottom panel). All of the phyla and fa-
milies which were not shared among all of the aggregate-sizes in both
horizon positions had an average relative % abundance of below 0.1%.
3.4.3. Interaction between horizon position and aggregate size fraction
Horizon position had a significant effect on bacterial OTU abun-
dance of the aggregate size fractions at both taxonomic levels (phylum
P=0.037; family P= 0.004). Analysis of the variation in abundance at
the family level apportioned to horizon position and aggregate size did
indicate that horizon explain a greater amount of the variation (√CV:
10.35) than did fraction (√CV: 9.99), with 79.66% of variation not
explained by the variables tested. There was a significant interaction
between aggregate size and horizon position in terms of % relative
abundance of bacterial OTUs at both the phylum (P=0.004) and fa-
mily levels (P= 0.001).
Bacterial communities associated with the MAC fraction were most
influenced by horizon position, with there being a significant change in
the % relative abundance of bacterial OTUs in this fraction between
horizon positions for both taxonomic levels, with a significant change in
all phyla (over 0.01% abundance) with the exception of WS3, OP10 and
Proteobacteria. Indeed, the MAC fraction in H2 did differ in bacterial %
relative abundance in both of the taxonomic levels from SC in both
horizon positions. Furthermore, the MAC fraction from H1 differed
from the MIC fraction in H2 in terms of abundance of OTUs (phyla:
P= 0.01; family: P= 0.009). A summary of the pairwise tests in the
abundance of bacterial OTUs between different aggregate sizes within
horizons is provided in the supplementary materials (SM 11).
4. Discussion
A highly significant effect of aggregate size and horizon position
was observed on bacterial and fungal community composition using
both the T-RFLP fingerprinting technique and next-generation sequen-
cing. Using T-RFLP, while an overall effect of aggregate-size was seen
on community composition for both bacteria and fungi in the top two
horizon positions, there was no such effect (as in the case for bacteria)
or a greatly reduced effect (as with the fungi) in H3. With all horizon
Fig. 2. MDS plot of the effect of horizon position on the bacterial 16S rRNA gene (top panel) and fungal internal transcribed spacer (ITS) region (bottom panel) based community
composition of aggregate size fractions in the soil profile as a whole. Horizons are as follows: Horizon position 1 (H1; aquablue triangle), Horizon position 2 (H2; orange triangle) and
Horizon position 3 (H3, purple square). Different letters denote significant difference (P < 0.05). A 2D stress of< 0.2 on mMDS plots represents a good graphical representation of the
data in two dimensions. (For interpretation of the references to colour in this figure legend, the reader is referred to the web version of this article.)
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positions analysed together, however, the SC fraction harboured a
distinct bacterial and fungal community structure when compared to
the LM, MAC, and MIC fractions.
Aggregate stratification will result in heterogeneity in the distribu-
tion of O2, water, SOC and solutes in the soil matrix. These will dif-
ferentially impact on certain microbial taxa and therefore affect
community composition (Davinic et al., 2012; Ruamps et al., 2013).
Bacterial cells have been shown to adhere to clay particles (Mueller,
2015) and also produce a polysaccharide secretion which penetrates the
adjacent clay pores and forms polymeric bridges between clay particles.
This process has been suggested as both an important mechanism for
aggregate formation as well as SOC storage (Alimova et al., 2009; Denef
and Six, 2005; Mueller, 2015). Additionally, it has also been proposed
that that micro-porosity, such as that associated with SC, provides a safe
environment for bacteria avoiding predation by as the likes of bacter-
ivorous nematodes (Heijnen and van Veen, 1991). This often results in
an increase in bacterial biomass in the SC fraction compared to larger
fractions (Sessitsch et al., 2001).
Using the NGS technique, we also observed an effect of aggregate
size on the bacterial community, agreeing with the T-RFLP data, though
the specificities of this effect did differ between techniques. In H1, the
relative abundance of the Firmicutes declined in the MAC compared to
the MIC fraction. This is likely due to increased predation within MAC.
Despite being Gram-positive (which are believed to be less preferred by
protozoa due to their protective cell wall) the abundance of Firmicutes
has been shown to decrease upon the addition of an amoeba predator
(Rosenberg et al., 2009). While nematodes have been previously re-
ported not to predate the most abundant bacteria present in soil
(Ladygina et al., 2009), the tortuosity of the inner MAC fraction may
allow the lesser abundant bacteria to escape predation by occupying
niches inaccessible to the bacterivorous predators (Heijnen et al.,
1993). Furthermore, the Acidobacteria were found to be enriched in the
MAC fraction compared to the MIC, which concurs with the study from
Mummey and Stahl (2004). While the extent of the Firmicutes was a
surprise, it is not without precedent in grassland soils (Felske et al.,
1998; Felske et al., 2000).
The MIC fraction, in contrast, is characterized by a low predation
pressure (Ranjard and Richaume, 2001). Bacterivorous predation is
known to be a major driver in the community structure of the Acid-
obacteria (Naether et al., 2012). Additionally, studies have demon-
strated that the MIC represents an operationally defined micro-
environment for the soil microbiota (Kong et al., 2011; Poly et al.,
2001). While the inner MIC microhabitat has been described as a
growth-limiting environment due to limited O2 permeability (Mummey
et al., 2006), it does have a relatively stable water potential, and has
restricted access for external toxic elements (Poly et al., 2001).
Table 1
The effect of horizon position, aggregate size fraction (and their interaction) parameters on bacterial 16S and fungal ITS community composition in the soil profile as a whole as tested by
PERMANOVA analysis. Statistical significance P < 0.05.
Community Parameter Main effect √CV Pairwise P-value
P-value Pseudo-F value
Bacterial 16S Horizon position < 0.0002 3.507 11.7 H1 vs H2
H1 vs H3
H2 vs H3
<0.01
< 0.0001
<0.17
Aggregate-size fraction < 0.0001 6.137 19.09 LM vs MAC
LM vs MIC
LM vs SC
MAC vs MIC
MAC vs SC
MIC vs SC
<0.36
< 0.34
< 0.0001
<0.14
< 0.0001
<0.0001
Interaction 0.007 1.381
Fungal ITS Horizon position < 0.0001 3.193 16.25 H1 vs H2
H1 vs H3
H2 vs H3
<0.03
< 0.03
< 0.048
Aggregate-size fraction < 0.0001 2.93 17.82 LM vs MAC
LM vs MIC
LM vs SC
MAC vs MIC
MAC vs SC
MIC vs SC
<0.69
< 0.98
< 0.0001
<0.42
< 0.0001
<0.0001
Interaction 0.626 0.925
Table 2
The effect of aggregate size fraction on bacterial 16S rRNA and fungal internal transcribed
spacer (ITS) region based community composition within the individual horizon posi-
tions. Statistical significance P < 0.05. *Large macroaggregate ITS PCR amplicons were
not obtained in horizon 3 (H3).
Community Horizon
position
Main effect Pairwise P-value
P-value Pseudo-F
value
Bacterial 16S H1 <0.001 7.252 LM vs MAC
LM vs MIC
LM vs SC
MAC vs MIC
MAC vs SC
MIC vs SC
0.89
0.49
< 0.001
0.15
< 0.001
<0.001
H2 0.008 1.954 LM vs MAC
LM vs MIC
LM vs SC
MAC vs MIC
MAC vs SC
MIC vs SC
0.37
0.12
0.046
0.21
< 0.01
< 0.01
H3 0.341 1.116
Fungal ITS H1 <0.001 3.014 LM vs MAC
LM vs MIC
LM vs SC
MAC vs MIC
MAC vs SC
MIC vs SC
0.58
0.996
< 0.001
0.7
< 0.001
<0.001
H2 0.025 1.629 LM vs MAC
LM vs MIC
LM vs SC
MAC vs MIC
MAC vs SC
MIC vs SC
0.67
0.86
0.02
0.81
0.01
0.02
H3* 0.039 1.698 MAC vs MIC
MAC vs SC
MIC vs SC
0.28
0.07
0.03
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The majority of bacterial OTUs from both taxonomic levels were
shared among each of the four aggregate sizes. All of the unique OTUs
had a very low abundance (all < 0.01%). It has been previously sug-
gested that the lesser abundant bacterial groups are more important at
differentiating the bacterial community at the aggregate scale (Davinic
et al., 2012), and that is indeed the case here. The majority of the
‘unique’ bacterial groups were found either exclusively within the SC or
shared with the SC and one or more of the larger aggregates-sizes, likely
derived from the silt and clay proportion within these aggregates. This
is interesting in light of what was seen with the bacterial 16S rRNA T-
RFLP data, with both this and previous studies reporting a distinct
bacterial (and fungal) community within the SC (Sessitsch et al., 2001),
highlighting that the SC provides a distinct microhabitat influencing
microbial community structure.
The Deferribacteres, exclusive to the SC fraction in H1, are char-
acterized by their preference for anaerobic respiration (Alauzet and
Jumas-Bilak, 2014). Some bacterial groups within the Spirochaetes
(also found in exclusively in SC) are also reportedly anaerobic and have
been implicated in the breakdown of complex organic polymers (Droge
et al., 2006). Of the eight families unique to this fraction, only the
Leptospiraceae and Methylophilaceae are not known to be anaerobic
(or contain anaerobic genera) (Doronina et al., 2014; Picardeau, 2014).
This suggests that many of the bacterial groups unique to SC may be
physiologically adapted to deal with unique conditions of the SC mi-
croenvironment, characterized by highly protected SOC and limited O2
availability (Sexstone et al., 1985). These growth-limiting conditions
may also be driving the changes in bacterial and fungal community
composition as observed with the T-RFLP technique. In H2, more fa-
milies were shared between MIC and SC than any of the other ag-
gregate-sizes indicating that with increasing depth these two aggregates
may become increasingly physicochemically similar. With the majority
of bacterial groups being shared across all aggregate-sizes, these results
indicate that the aggregate spectrum has a greater influence on relative
bacterial abundance than on harbouring distinct bacterial groups.
There was a significant effect of horizon position on bacterial (as
seen with both community profiling techniques employed) and fungal
community composition (T-RFLP). Soil depth has previously been
shown to be a strong driver of microbial community structure in
grassland soils (Will et al., 2010). In comparison to the surface horizons,
sub-soils (defined as soil 30 cm below the surface) are typically colder
(at least during summer months) and have lower rates of gas exchange
as the abundance of air-filled pores declines with soil depth, resulting in
an increase of anoxic microsites (Barber et al., 2004; Ekelund et al.,
2001). With increasing depth, the substrate available for the soil mi-
crobiota decreases as a high proportion of SOC becomes stabilized by
metal ions and bound to mineral surfaces (von Lutzow et al., 2006).
Furthermore, the SOC available at depth will be more inherently re-
calcitrant (i.e., a wider C:N ratio) which may be more energetically
expensive to metabolise (Kramer and Gleixner, 2008). Indeed, it has
even been suggested that microbial community activity is so low in sub-
soils that even labile substrates may remain non-degraded for sig-
nificant periods of time, as numerous studies have demonstrated that
the sub-soil is rich in otherwise potentially enzymatically labile C
compounds (Krull and Skjemstad, 2003; Lal et al., 2011; Liang and
Balser, 2008; Xiang et al., 2008).
The significant interaction between aggregate size and horizon po-
sition seen in bacterial community composition using the two differing
techniques indicates that horizon position is a strong determinant of
bacterial community structure. The influence of horizon position on
aggregate fraction sizes was only evident for the MAC fraction. The
increase in the abundance of the Firmicutes in the MAC fraction in H2 is
possibly a consequence of the decline in bacterivorous predators re-
ducing predation pressure. Protozoan abundance has been shown to
decline rapidly with soil depth, more so than bacteria (Ekelund et al.,
Table 3
Abundance [%] of sequences allocated to major bacterial Phyla (cut-off 0.01%) from the four aggregate size fractions; large macroaggregate (LM), macroaggregate (MAC), micro-
aggregate (MIC) and silt and clay (SC) in horizon position 1 (H1, top table) and horizon position 2 (H2, bottom table). Different letters indicate statistical difference between aggregate
size fractions (P < 0.05).
Phylum LM MAC MIC SC
Avg. ± Avg. ± Avg. ± Avg. ±
H1
Acidobacteria 2.715a 5.921 8.255b 7.069 0.373a 0.273 4.248ab 5.786
Actinobacteria 3.635a 4.360 6.435a 4.861 1.891a 1.371 5.824a 6.090
Bacteroidetes 0.189a 0.291 0.416a 0.367 0.039a 0.028 0.432a 0.628
Chlamydiae 0.065ab 0.063 0.199b 0.162 0.020a 0.013 0.090ab 0.132
Chloroflexi 0.657a 1.366 1.473a 2.283 0.192a 0.214 1.239a 1.673
Firmicutes 70.900ab 30.282 44.266b 36.628 80.537a 16.014 64.199ab 36.683
Gemmatimonadetes 0.185a 0.211 0.500a 0.412 0.236a 0.328 0.265a 0.244
Nitrospira 0.064a 0.137 0.178a 0.263 0.001a 0.001 0.143a 0.257
OP10 0.015a 0.016 0.072a 0.114 0.015a 0.018 0.038a 0.062
Planctomycetes 1.041a 1.909 3.212a 2.814 0.717a 0.444 1.884a 1.967
Proteobacteria 7.736a 7.091 12.072a 9.095 10.947a 18.598 7.518a 7.816
Unclassified 11.019a 10.166 18.456a 10.687 4.215a 4.417 11.117a 10.000
Unclassified_bacteria 0.016ab 0.014 0.035a 0.030 0.005b 0.006 0.022ab 0.033
Verrucomicrobia 1.581a 3.286 4.234a 3.850 0.799a 0.661 2.760a 3.410
WS3 0.176a 0.435 0.188a 0.286 0.002a 0.002 0.197a 0.370
H2
Acidobacteria 0.364ab 0.142 0.144a 0.245 0.559ab 0.480 1.705b 2.683
Actinobacteria 1.815ab 1.043 0.834a 1.222 2.787b 1.416 5.273b 4.317
Bacteroidetes 0.015ab 0.009 0.006a 0.005 0.039ab 0.034 0.199b 0.465
Chlamydiae 0.011c 0.008 0.006ac 0.008 0.081b 0.069 0.034bc 0.019
Chloroflexi 0.142a 0.107 0.091a 0.183 0.169a 0.149 0.674a 1.008
Firmicutes 87.104a 4.052 82.288a 18.808 73.277a 17.319 72.240a 21.104
Gemmatimonadetes 0.118a 0.098 0.016a 0.012 0.165a 0.134 0.200a 0.150
OP10 0.035a 0.022 0.017a 0.038 0.017a 0.038 0.030a 0.038
Planctomycetes 0.882ab 0.239 0.318a 0.491 0.279ab 0.147 2.039b 2.815
Proteobacteria 2.758a 1.990 11.047a 17.407 12.753a 13.158 8.208a 7.878
Unclassified 6.046a 4.669 4.954a 4.739 9.416a 8.754 6.884a 4.608
Verrucomicrobia 0.686a 0.345 0.259a 0.384 0.427a 0.309 2.440a 3.999
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Fig. 3. Venn diagrams indicating the families which are shared and unique among the aggregate-size fractions; large macroaggregate (LM), macroaggregate (MAC), microaggregate (MIC)
and silt and clay (SC) from horizon position 1 (H1, top) and horizon position 2 (H2, bottom).
A. Fox et al. Applied Soil Ecology xxx (xxxx) xxx–xxx
9
2001). The significant reduction in most of the other phyla in MAC
between H1 and H2 indicates that they are being out-competed by the
Firmicutes for resource acquisition and habitable niche space.
5. Conclusion
This study addressed the importance of aggregate size fraction and
horizon position in determining patterns of microbial colonization, two
aspects which have together been given relatively little attention in the
literature. The strong effect of aggregate size on microbial community
structure makes it clear that colonization patterns within the soil matrix
are not homogenous. Thus, this highlights the need for microbial
ecologists to focus efforts away from solely studying the bulk soil, as
important configurations of microbial diversity are lost. Furthermore,
the understanding the mechanisms behind this local scale structural
organisation of the soil microbiome could have important implications
for elucidating the mechanisms underlying microbial-led processes in
soil, particularly C mineralization and sequestration.
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